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Abstract. 
 
We have discovered several novel features 
exhibited by microtubules (MTs) in migrating newt 
lung epithelial cells by time-lapse imaging of fluores-
cently labeled, microinjected tubulin. These cells ex-
hibit leading edge ruffling and retrograde flow in the 
lamella and lamellipodia. The plus ends of lamella MTs 
persist in growth perpendicular to the leading edge un-
til they reach the base of the lamellipodium, where they 
oscillate between short phases of growth and shorten-
ing. Occasionally “pioneering” MTs grow into the 
lamellipodium, where microtubule bending and reori-
entation parallel to the leading edge is associated with 
retrograde flow. MTs parallel to the leading edge ex-
hibit significantly different dynamics from MTs perpen-
dicular to the cell edge. Both parallel MTs and photoac-
tivated fluorescent marks on perpendicular MTs move 
 
rearward at the 0.4 
 
m
 
m/min rate of retrograde flow in 
the lamella. MT rearward transport persists when MT 
dynamic instability is inhibited by 100-nM nocodazole 
but is blocked by inhibition of actomyosin by cytochala-
sin D or 2,3-butanedione–2-monoxime. Rearward flow 
appears to cause MT buckling and breaking in the 
lamella. 80% of free minus ends produced by breakage 
are stable; the others shorten and pause, leading to MT 
treadmilling. Free minus ends of unknown origin also 
depolymerize into the field of view at the lamella. Anal-
ysis of MT dynamics at the centrosome shows that 
these minus ends do not arise by centrosomal ejection 
 
and that 
 
z
 
80% of the MTs in the lamella are not cen-
trosome bound. We propose that actomyosin-based ret-
rograde flow of MTs causes MT breakage, forming 
quasi-stable noncentrosomal MTs whose turnover is 
regulated primarily at their minus ends.
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1. 
 
Abbreviations used in this paper
 
: BDM, 2,3-butanedione–2-monoxime;
CMTC, cytoplasmic microtubule complex; DIC, differential interference
contrast; F-actin, filamentous actin; MT, microtubule; VE, video enhanced.
 
T
 
he 
 
now classic conception that the cytoplasmic mi-
crotubule (MT)
 
1
 
 complex (CMTC) in interphase
tissue culture cells is organized by a peri-nuclear
MT organizing center, the centrosome, from which MTs
emanate out towards the cell periphery, was originally
gleaned from electron microscopic analysis (Porter, 1966)
and immunofluorescent localization of tubulin (Brinkley et
al., 1975, 1981). MTs have intrinsic polarity, and in cells
the so-called “minus” ends of the MTs face towards the
centrosome, while the “plus” ends face away from it (Eu-
teneuer and McIntosh, 1981). Studies that have followed the
incorporation and turnover of microinjected, labeled tubu-
lin in cytoplasmic MTs in a variety of non-neuronal cells
have revealed that the interphase CMTC is quite dynamic,
with tubulin subunits in MTs exhibiting half lives on the
order of several to ten minutes (Saxton et al., 1984; Soltys
and Borisy, 1985; Sammak et al., 1987; Sammak and
Borisy, 1988
 
b
 
; Pepperkok et al., 1990; Rodionov and
Borisy, 1994). MTs in solution and MTs nucleated from
isolated centrosomes in vitro undergo an unusual type of
assembly/disassembly behavior known as dynamic insta-
bility, in which MTs coexist in growing and shrinking pop-
ulations that inter-convert infrequently and stochastically
(Mitchison and Kirschner, 1984
 
b
 
). The parameters of MT
dynamic instability, defined as growth, shortening, the
transition from growth to shortening (catastrophe), and
the transition from shortening to growth (rescue; Walker
et al., 1988) have been determined for individual MT plus
ends in the thin peripheral regions of living interphase
cells of several types (Cassimeris et al., 1988; Sammak and
Borisy, 1988
 
a
 
,
 
b
 
; Shulze and Kirschner, 1988; Shelden and
Wadsworth, 1993). These studies have led to the prevail-
ing view that MT turnover in interphase cells is due to dy-
namic instability at the plus ends of MTs, while the minus
MT ends are centrosome bound and quiescent (for review
see Wade and Hyman, 1997).
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After the discovery of MT dynamic instability, Kirsch-
ner and Mitchison (1986) proposed that selective regula-
tion of specific parameters of dynamic instability at the
plus ends of individual MTs in cells could allow for remod-
eling of the CMTC during transitions from interphase to
mitosis, during cell shape change, and during cell migra-
tion. We have chosen to examine the individual dynamics,
arrangement, and turnover of MTs at various sites in the
cell during migration to test these predictions.
Migrating cells are morphologically polarized, with a
broad, flat lamella that contains MTs and membranous or-
ganelles. The lamella terminates in a ruffling lamellipodia
at the leading edge that faces the direction of migration
and from which MTs are generally absent (see Fig. 1 
 
D
 
; for
review see Heath and Holifield, 1991). Ruffling and pro-
trusion of the leading edge is dependent on directed fila-
mentous actin (F-actin) assembly nucleated at or near the
inner plasma membrane surface along the leading edge
(Wang et al., 1985; Forscher and Smith, 1988; Okabe and
Hirokawa, 1989, 1991; Symons and Mitchison, 1991). After
nucleation, F-actin within the lamellipodia is transported
rearward (Wang et al., 1985; Forscher and Smith, 1988;
Theriot and Mitchison, 1991, 1992; Lin and Forscher,
1995). Although controversial, the movement of F-actin
within the lamellipodium is thought to be coupled to pro-
trusive movement of the leading edge and to also drive the
rearward movement of cell surface-bound beads and/or
membrane receptors towards the cell center (Forscher and
Smith, 1988; Lin and Forscher, 1995; for reviews see
Mitchison and Cramer, 1996, and Lin et al., 1994). In neu-
ronal growth cones, the rearward movement of F-actin
and surface markers has been demonstrated to be myosin
dependent (Lin et al., 1996).
The role of MTs in cell migration is largely unknown.
Although some small, specialized cell types such as kerato-
cytes or neutrophils do not require MTs for motility (Zig-
mond et al., 1981; Euteneuer and Schliwa, 1984), MTs are
required for the movement of larger complex cells (Vasil-
iev et al., 1970). When MTs are depolymerized in fibro-
blasts, the cell’s polarized morphology is lost, the ruffling
activity normally confined to the leading edge becomes
evenly distributed along the entire cell margin, and the
cells no longer move (Vasiliev et al., 1970). Futhermore, if
migrating cells at the edge of a monolayer wound (Liao et
al., 1995) or neuronal growth cones (Tanaka et al., 1995)
are treated with agents that inhibit MT assembly/disas-
sembly dynamics without decreasing polymer mass or al-
tering MT arrangement, migration slows considerably, im-
plying that MT dynamic instability is required for cell
migration. It also seems that proper arrangement of MTs
is needed during cell migration and that this may be main-
tained by F-actin–based retrograde flow. When retrograde
flow is inhibited by cytochalasin poisoning of actin assem-
bly in actively migrating cells (Terasaki and Reese, 1993)
or neuronal growth cones (Forscher and Smith, 1988),
many MTs extend into the lamellipodia or growth cone
and become bent and random in orientation. In addition,
when MTs are oriented perpendicular to the direction of
rearward flow, they are transported rearward at the same
rate as surface markers (Mikhailov and Gundersen, 1995).
Together, these observations suggest that the MT dynamic
instability and actin-based retrograde flow may work to-
 
gether to model and remodel the MT cytoskeleton as a cell
migrates and that this is required for continued movement.
In this study, we examine MT dynamics in living migra-
tory epithelial cells from primary cultures of newt lung.
We find, as predicted, subsets of MTs whose dynamics
may be differentially regulated during migration. In addi-
tion, we make novel observations on the organization and
dynamics of MTs in migrating cells that differ considerably
from the classic conception of MTs studied historically in
stationary cells, and have implications for the mechanism
of MT turnover in migrating cells. In large part, these dif-
ferences arise from the interaction of MTs with actomyo-
sin-based retrograde flow in the lamella during cell migra-
tion.
 
Materials and Methods
 
Preparation of Labeled Tubulins
 
Phosphocellulose-purified porcine brain tubulin was prepared as de-
scribed in Walker et al. (1988). Tubulin was conjugated to X-rhodamine
succinimidyl ester (Molecular Probes, Eugene, OR) by the method of Hy-
man et al. (1991). The final dye-to-protein ratio was 
 
z
 
1:1. C2CF-labeled
tubulin (Mitchison, 1989) was the kind gift of Arshad Desai and Tim
Mitchison (University of California, San Francisco, CA).
 
Cell Culture and Experimental Manipulations
 
Primary cultures of newt (
 
Taricha granulosa
 
) lung were established on
No. 1.5 coverslips (Corning,
 
 
 
Corning, NY) in Rose chambers as described
in Rieder and Hard (1990). 5–10-d-old cultures were used for experiments.
For imaging MT dynamics, cells on the periphery of the epithelial sheet
that extends from the lung explant were chosen for microinjection. These
cells are specialized for migration and possess a thin, flat lamella that is
ideal for microscopy. To view MT dynamics at the centrosome, peripheral
cells in which the centrosome was positioned beneath the nucleus were cho-
sen for time lapse imaging. In these cells, the MTs emanating from the cen-
trosome were held in a relatively two-dimensional array by the overlying
nucleus, and MT dynamics at the centrosome were visible in one focal plane.
Cells were microinjected with 
 
z
 
1/10 the cellular volume of 2 mg/ml X-rho-
damine–labeled tubulin in injection buffer (50 mM K Glutamate, 0.5 mM
KCl, pH 7.0) using the microinjection system described in Waters et al.
(1996). For photoactivation experiments, cells were microinjected with a
mixture of 0.5 mg/ml X-rhodamine–labeled tubulin and 5.0 mg/ml C2CF-
labeled tubulin as described in Waters et al. (1996). After injection, cover-
slips of cells were allowed to recover for 1–2 h before being mounted on a
slide with a double-stick tape chamber in culture media containing 0.3–0.6
U/ml of the oxygen-scavenging enzyme, Oxyrase (Oxyrase, Inc., Mans-
field, OH; Waterman-Storer et al., 1993; Mikhailov and Gundersen, 1995)
and sealed with valap (1:1:1 mixture of petroleum jelly, lanolin, and paraffin).
Cytochalasin-D (2.5 
 
m
 
M from a 1,000
 
3
 
 stock in dimethylsulfoxide),
BDM (2,3 butanedione-2-monoxime, 20 mM from a freshly prepared
100
 
3
 
 aqueous stock), or nocodazole (100 nM from 10,000
 
3
 
 stock in dimeth-
ylsulfoxide) were diluted into Oxyrase-containing culture media, and cov-
erslips of microinjected cells were mounted in this mixture and observed
by microscopy within 3 to 5 min, or the mixture was perfused by a peristal-
tic pump onto cells mounted on coverslips in a custom-designed micro-
scope perfusion chamber kindly lent by Rich Cole and Conly Rieder
(Wadsworth Center, Albany, NY; Rieder and Alexander, 1990).
To view the retrograde movement of cell surface components, ami-
nated 1 
 
m
 
m Cascade blue latex microspheres (Molecular Probes) were ad-
hered to the cell surface. The microspheres were first washed two times by
dilution into PBS (150 mM Na-phosphate, 50 mM NaCl, pH, 7.4) and 20
min of centrifugation at 30,000 rpm in a TLS55 rotor (Beckman Instr.,
Palo Alto, CA). The final pellet of beads was resuspended in 5 mM Hepes
(pH, 7.25), sonicated 1.5 min with a microtip (output 
 
5
 
 6; Branson Sonifer
250; Branson, Danbury, CT), and added to culture media at a final dilu-
tion of 1:300 of the original stock. This solution was perfused onto cells in
a slide/double stick tape chamber. The chamber was incubated 10 min up-
side down, rinsed out with 3 vol of Oxyrase-containing media, sealed, and
the cells imaged within 5 min. 
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For localization of MTs and F-actin in cells, coverslips of cells were si-
multaneously fixed and lysed for 5 min in PHEM buffer (60 mM PIPES,
25 mM Hepes, 10 mM EGTA, 2 mM MgSO4, pH, 7.0) containing 0.5%
formaldehyde, 0.5% glutaraldehyde, 0.5% Triton X-100, followed by fixa-
tion for 10 min in PHEM buffer containing 1% formaldehyde. Coverslips
were rinsed in PHEM buffer, reduced with sodium borohydride, rinsed in
PBS, and incubated in block (PBS containing 5% donkey serum [Jackson
Immunoresearch Laboratory, West Grove, PA]) for 45 min. Cells were
then incubated for 1 h in monoclonal rat anti–yeast tubulin antibody YL 1/2
(Serotec, Oxford, UK) diluted 1:50 in block, rinsed in PBS, and incubated
45 min in fluorescein-conjugated donkey anti–rat IgG (Jackson Immuno-
research Laboratory) diluted 1:10 in block containing 6 
 
m
 
/
 
m
 
l of Texas red-
conjugated phalliodin (Molecular Probes). After rinsing, coverslips were
mounted on slides in 50% glycerol/50% PBS containing 
 
n
 
-propyl gallate.
 
Multi-Mode Time-Lapse Microscopy
 
Digital images of cells were obtained using the multi-mode fluorescence
microscope system described in Salmon et al. (1994) and Salmon and Wa-
ters (1996). This consists of a microscope (Microphot FXA; Nikon,
Melville, NY) equipped with a 60
 
3
 
/1.4 NA Plan Apo differential interfer-
ence contrast (DIC) objective and a 1.4 NA condenser and optical compo-
nents for phase contrast and DIC image formation. For multiple wave-
length epifluorescence imaging, epi-illumination was provided by an HBO
100-W mercury arc lamp and passed through a dual filterwheel apparatus
(Metaltek, Raleigh, NC) containing an electronically controlled shutter, a
neutral density filterwheel, and an excitation filterwheel with filters for
X-rhodamine (570 nm), fluorescein (490 nm), and Cascade blue or photo-
activation (360 nm). Shutter and filterwheel timing and position were con-
trolled by a controller (Ludl Biopoint, Hawthorne, NY) and MetaMorph
software (Universal Imaging Corp., Media, PA). Excitation illumination
was reflected off of a triple wavelength dichroic mirror and through the
objective lens. Fluorescence emission from the specimen passed through a
triple band-pass emission filter (for 450, 510–530, and 620–650 nm), and
images were collected with a cooled CCD camera (C4880; Hamamatsu,
Bridgewater, NJ). For phase contrast microscopy, images were collected
using electronically shuttered (Uniblitz, Rochester, NY) 540-nm light. For
time-lapse collection of DIC and fluorescence images, an electronic filter-
wheel (Ludl Biopoint) containing the DIC analyzer was placed in the ap-
erture plane just in front of the camera (Shaw et al., 1997). DIC images
were collected using green light shuttered between exposures and the ana-
lyzer in the light path at extinction with the polarizer and the Wollaston
prism in place. To alternate with fluorescence images, the analyzer was ro-
tated out of the light path and a fluorescence image taken as above. Shut-
ter and filterwheel timing and position were controlled by MetaMorph
software. Photoactivation of C2CF fluorescence was performed using a
25-
 
m
 
m 
 
3
 
 1-mm slit (Melles Griot, Auburn, MA) placed in the field dia-
phragm image plane of the epi-illumination pathway as described in Wa-
ters et al. (1996).
 
Time-Lapse Video Enhanced DIC Microscopy
 
Dynamics of the cell periphery and the retrograde flow of surface ruffles
were examined using the microscope system described in Tran et al.
(1997
 
a
 
). This consists of a microscope (Universal; Zeiss, Inc., Thornwood,
NY) with DIC optics, a Plan 100
 
3
 
/1.25 NA objective lens (Zeiss, Inc.), a
1.4 NA condenser, and illumination provided by a HBO 100-W mercury
arc lamp and introduced into the microscope by an Ellis fiber optic scram-
bler (Technical Video, Woods Hole, MA). Images were recorded by a
camera (C2400 Newvicon; Hamamatsu), processed in real time by an im-
age processor (Argus 10; Hamamatsu), and recorded onto S-VHS tape at
36
 
3
 
 time lapse with a VCR (AG–6750-A; Panasonic, Osaka, Japan).
 
Data Analysis
 
All position, length, and intensity measurements on digital images were
made using the analysis functions of the MetaMorph software. To deter-
mine the parameters of MT dynamic instability, images of MTs were col-
lected at 7-s intervals, and the positions of MT ends were recorded for
each successive digital image in a time-lapse series. The values were im-
ported into Microsoft Excel 7.0, and pixel measurements were converted
to distance measurements by a calibration factor determined from images
of a 10-
 
m
 
m grid. Instantaneous growth and shortening velocities were de-
termined by regression analysis of plots of the distance of the MT end
from the origin (the first point measured) versus time using RTM custom
software (Walker et al., 1988). To determine accuracy in tracking MT
ends, a single MT end in a time-lapse data series was retracked in dupli-
cate and the difference between the duplicate measurements at each time
point averaged 0.39 
 
6
 
 0.18 
 
m
 
m (
 
n
 
 
 
5
 
 1,298 points). Thus, differences in dis-
tance of 
 
,
 
1 
 
m
 
m between two consecutive points were not counted as
growth or shortening excursions. Pause was defined as slopes of 
 
,
 
1.0 
 
m
 
m/
min (average values of growth or shortening were generally about five
times this). Catastrophe and rescue frequencies were calculated for the
population of MTs as described in Walker et al. (1988).
For comparison of the parameters of MT dynamic instability of MTs
before and after the MT bent and ran parallel to the leading edge, MTs
with angles of 0 to 30
 
8
 
 from perpendicular to the leading edge of the cell
were considered to be perpendicular to the leading edge. MTs with angles
of 60 to 90
 
8
 
 from perpendicular to the cell’s leading edge were considered
to be parallel to the leading edge. Thus, the period during which the MT
was bending and was neither perpendicular nor parallel was not included
in the averages.
To determine rates of rearward movement, the distance between the
marker in question and the leading edge of the cell was determined for
each time point along the axis of movement. The leading edge was chosen
as a reference because it is the origin of retrograde flow. To monitor the
movement of parallel MTs, a line was drawn along the axis of movement
over the MT on each image in the series, and the intersection between the
line and the MT served as a positional marker. To monitor the movement
of aminated Cascade blue beads, the centroid of the bead was used as a
marker (centroid 
 
5
 
 peak intensity of a linescan of intensity of fluores-
cence across the bead). For photoactivation experiments, a 
 
z
 
2.5-
 
m
 
m-wide
bar of C2CF fluorophore was uncaged 5–15 
 
m
 
m from and parallel to the
cell’s leading edge by 3-s exposure to unattenuated 360-nm UV light. This
resulted in a 2.5-
 
m
 
m-wide mark of fluorescein tubulin on MTs that aligned
perpendicular to the leading edge of the cell. The peak intensity of a line-
scan taken across the bar and along the axis of movement was used as a
positional marker. When cells were treated with nocodazole, assembly/
disassembly-inhibited MT ends were used as markers.
Cells in which a relatively low level of X-rhodamine tubulin had been
injected were chosen to analyze the treadmilling of MTs with two free
ends. In these cells, the incorporation of labeled and unlabeled subunits
resulted in MTs with distinct bright and dark “speckles” that served as in-
ternal fiduciary marks of the MT lattice.
When measuring the dynamics of MTs with both ends free, the plus end
of the MT was defined as the end that grew, shortened, or paused, with ki-
netics similar to the plus ends of MTs growing towards the leading edge.
The minus end was generally initially oriented towards the cell center and
unlike plus ends, never grew but only shortened or paused. These defini-
tions were made based on observations of the behavior of free MT plus
and minus ends that were formed by MT breakage.
To quantify MT dynamics at the centrosome, the centrosome was as-
signed as the origin of an x–y coordinate system, and nucleations, catastro-
phes without rescue, releases, and the total number of MTs were deter-
mined for one quadrant of the coordinate system at a time. This was done
because sometimes all four quadrants around the centrosome were not
fully in focus in a single image plane or when the centrosome was not cen-
tered beneath the nucleus. When parameters of MT dynamics within a
quadrant could not be accurately determined for these reasons, that quad-
rant was assigned the average values of the other quadrants, and the sum
of the four quadrants was used for the final values for that cell. The aver-
age number of centrosomal MTs was determined by counting the number
of MTs emanating from each quadrant of the centrosome at 5-min inter-
vals. The average number of MTs in the lamella was determined by count-
ing the plus ends visible in a 
 
z
 
30 
 
3
 
 30 
 
m
 
m field of the lamella at 5-min in-
tervals.
All data values are reported as mean 
 
6
 
 SD. To determine significant
differences between averages, unpaired 
 
t
 
-tests assuming equal variance
were performed with significant differences considered when 
 
P
 
 
 
,
 
 0.01.
 
Results
 
Retrograde Flow and Cytoskeletal Organization in 
Migrating Newt Lung Epithelial Cells
 
MT dynamics were examined in migrating cells on the pe-
riphery of the epithelial sheet that emanates at an average
rate of 100 
 
m
 
m/d (0.07 
 
m
 
m/min) from an explant of newt 
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(
 
Taricha granulosa
 
) lung tissue. The peripheral cells are
the only cells within the sheet that are specialized for loco-
motion. They provide the force for extending the rest of
the cells in the sheet, which are tightly adherent to one an-
other (see Reider and Hard, 1990, for a complete descrip-
tion of this culture system). The peripheral cells are polar-
ized, with a large, thin lamella (15–30 
 
m
 
m wide 
 
3
 
 
 
z
 
0.5–1.0
 
m
 
m thick) that extends from the thicker (5–7 
 
m
 
m) cell
body where the nucleus resides (Fig. 1, 
 
A 
 
and 
 
D
 
). At the
leading edge of the cell, there is typically a 3–5-
 
m
 
m-wide 
 
3
,
 
1-
 
m
 
m-thick lamellipodia. This architecture is typical of
various types of migrating vertebrate tissue cells (Aber-
crombie et al., 1976).
Examination of these cells by time-lapse video en-
hanced DIC (VE-DIC) microscopy (not shown) revealed
a rapid retrograde flow of thin DIC refractile membrane
ruffles and particulate matter at 1.67 
 
6
 
 0.32 
 
m
 
m/min (
 
n
 
 
 
5
 
13 “ruffles” in 4 cells) in the actively ruffling lamellipodia,
and a slower rearward flow of refractile membrane folds
and material at 0.42 
 
6
 
 0.20 
 
m
 
m/min (
 
n
 
 
 
5
 
 11 “ridges” in 4
cells; see Table II) in the rest of the lamella in front of the
cell body. This pattern of retrograde flow in the lamellipo-
dia and lamella is typical of many motile cell types includ-
ing nerve growth cones, fibroblasts, and cells migrating
into the “wound” of a monolayer (for reviews see Lin et
al., 1994, and Mitchison and Cramer, 1996).
The MT and actin cytoskeletons of peripheral migratory
cells were examined in fixed and stained specimens (Fig. 1,
 
A–C
 
). MTs emanating from the centrosome near the nu-
cleus are predominantly straight or slightly curved and ra-
dial in orientation. MTs in the lamella are primarily ori-
ented perpendicular to the leading edge of the cell, while a
minority are oriented approximately parallel to the cell
edge (Fig. 1, 
 
B 
 
and 
 
D
 
). We define “perpendicular MTs” as
those with angles of 0 to 30
 
8
 
 from perpendicular to the
leading edge of the cell (directly in front of that MT) and
“parallel MTs” as those with angles of 60 to 90
 
8
 
 from per-
pendicular to the cell’s leading edge (see Materials and
Methods). The organization of MTs within the cell body,
but not directly emanating from the centrosome, is a com-
plex mixture of both perpendicular and parallel-oriented
MTs, many appearing convoluted and bent into sinuous
shapes. The distribution of F-actin in peripheral cells was
examined by staining with Texas red-conjugated phalloi-
din (Fig. 1 
 
C
 
). F-actin is much less concentrated in the cell
body than in the lamella, where it is for the most part dif-
fusely localized, with the exception of some radially ori-
ented bundles that may be stress fibers. The highest con-
centration of F-actin (as determined by fluorescence
intensity line scans across the lamella; not shown) is at 2–5
 
m
 
m from the leading edge, at the actin marginal band at
the base of the lamellipodia.
 
MT Plus End Dynamic Instability near the Leading 
Edge Is Regional and Dependent on MT Orientation
 
To examine MT dynamics in the lamella and lamellipodia,
we microinjected peripheral cells of the epithelial sheet
with X-rhodamine–conjugated tubulin and allowed incor-
poration of fluorescent subunits into MTs for 1 to 2 h. At
the end of this time, the MT cytoskeleton was fully labeled
with fluorescent subunits, as determined by fixation of in-
jected cells and processing for immunolocalization of tu-
bulin (not shown). We then obtained a time-lapse series of
fluorescence images of the lamella at 7-s intervals. The plus
ends of most perpendicular MTs in the lamella extended
to the base of the lamellipodia, 
 
z
 
5–10 
 
m
 
m from the lead-
ing edge. There they exhibited dynamic instability, asyn-
chronously and frequently alternating between very short
phases of growth and shortening (
 
z
 
1–3 
 
m
 
m) and spending
 
z
 
40% of their time in “pause,” neither growing nor short-
ening (Table I). Thus, the bulk of the perpendicular MTs
exhibited little net change in length over time, and their
ends maintained a relatively constant position at the base
of the lamellipodia (Fig. 2, MT at 
 
arrowhead
 
, 
 
time 00:00–4:49
 
).
However, several MTs often acted as “pioneers,” grow-
ing out of the lamella where most plus ends terminated,
and extending closer to the leading edge within the lamel-
lipodia (Fig. 2, MT “
 
P
 
”). When several pioneer MTs per-
sisted in growth into a newly formed protrusion of the
leading edge or pseudopodia, the protrusion persisted
(Fig. 2, 
 
A 
 
and 
 
B
 
, 
 
times 0:00–3:59
 
) and the majority of ends
grew into the new region after advancement of the leading
edge ceased (Fig. 2, 
 
A 
 
and 
 
B
 
, 
 
times 4:49–5:29
 
).
Figure 1. Cytoskeletal architecture of a migrating newt lung epi-
thelial cell. Cells were fixed and processed for immunofluores-
cent localization of tubulin to visualize MTs (B) and stained with
Texas red-phalloidin to localize F-actin (C). MTs are relatively
straight and extend radially from the centrosome, while in the cell
body they are very sinuous. In the lamella, MTs are generally ori-
ented either parallel or perpendicular to the cell edge. F-actin is
concentrated in the lamella and lamellipodia. In D the outline of
the phase image of the cell (A) was traced, and the regions of the
cell referred to in the text are defined as follows: Nu, nucleus; La,
lamella (between gray dotted and dashed lines); Lp, lamellipodia
(between gray dashed line and cell edge); CB, cell body (behind
thick dotted line); thick gray dotted line, base of the lamella; thick
gray dashed line, base of lamellipodia; arrows show the direction
of retrograde flow. Several examples of perpendicular MTs (thin
white lines) and parallel MTs (thin white dashed lines) are traced
from the image in B as well. Bar, 15 mm.Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 421
When pairs of fluorescence images of MTs and high res-
olution DIC images of the lamella and lamellipodia were
acquired at 9-s intervals, we were able to clearly see the re-
lation between MT growth patterns and the retrograde
flow near the cell edge (Fig. 3 A). Often as a pioneer MT
grew into the lamellipodia, it appeared to “probe” the
plasma membrane as its plus end grew and shortened (Fig.
3 A, time 0:00–1:56, and b, section 3 of graph). If the lead-
ing edge did not protrude, the tip of pioneer MTs became
bent near the leading edge in the rapid rearward flow in
the lamellipodia (Fig. 3 A, times 1:56–4:56, and B, section 4
of graph). This established the axis of growth fully parallel
to the cell’s edge (Fig. 3 A, times 5:32–7:28, and B, section
5 of graph), similar to observations on the formation of
“parallel” MTs in migrating NRK cells (Mikhailov and
Gundersen, 1995).
Remarkably, we found that the new orientation of the
MT significantly altered its plus end assembly dynamics.
Once bent parallel to the leading edge, MTs gained length
rapidly (Fig. 3 B, section 5 of graph). The assembly dy-
namics of 22 MTs in 11 cells that underwent a bend as de-
scribed above were followed, and the parameters of dy-
namic instability before and after the occurrence of the
bend were determined (Table I). This analysis indicated
that the rapid gain in length after bending could be attrib-
uted to a significant (P , 0.01) increase in the duration of
growth excursions as compared to before the formation of the
bend, corresponding to an approximate doubling of the
percent time spent in growth and greater than twofold re-
duction in the frequency of catastrophe (Table I). We also
found that the rates of both growth and shortening were
increased after bending parallel to the leading edge. Al-
though this was found to be statistically significant (P ,
0.01), it is possible that this difference may be attributed to
the inaccuracy in measuring velocity values for the short
growth and shortening excursions exhibited by the plus
ends of perpendicular MTs (see discussion in Shelden and
Wadsworth, 1993). The values for assembly dynamics of
parallel MTs reported in the present study are more simi-
lar to parameters of dynamic instability reported previ-
ously for newt lung cells (Cassimeris et al., 1988; Vasquez
et al., 1997) than the values we find for perpendicular MTs
(Table I). In the previous studies, MTs chosen for analysis
were only clearly visible by VE-DIC in regions of certain
cells where the cytoplasm exhibited Brownian movement
(Salmon, E.D., and C.M. Waterman-Storer, unpublished
observations); thus those values for MT dynamic instabil-
ity may have been biased.
MTs in the Lamella Are Continuously Moved Rearward
As noted above, the lamellipodia and lamella of migrating
cells exhibited vigorous retrograde flow of material that
was associated with MT bending and reorientation of MTs
parallel to the cell’s leading edge. Mikhailov and Gunder-
sen (1995) have noted that MTs oriented parallel to the
edge of migrating cells move rearward in the lamella. We
also observed retrograde movement of parallel MTs in the
lamella of our cells after MTs have bent and reoriented in
the lamellipodia (Fig. 3 A, times 6:17–7:28, and C). Analy-
sis of 10 parallel MTs in the lamellae of 10 X-rhodamine
tubulin-labeled cells gave an average rearward transport
rate of 0.46 6 0.20 mm/min, not significantly different (P .
0.5) than the rate of movement of DIC refractile “ridges”
in the lamella (Table II).
To determine if parallel MTs in the lamella were moving
rearward at the same rate as components of the cell sur-
face, the movement of surface-bound aminated Cascade
blue latex beads and parallel X-rhodamine–labeled MTs
in the lamella were analyzed by capturing pairs of fluores-
cence images at 3-min intervals. Although Cascade blue
requires potentially harmful excitation in the UV (360
Table I. Assembly Dynamics of MT Ends in the Lamella of Newt Lung Epithelial Cells
Fluorescent tubulin (present study) VE-DIC
Parameter
1MT end, perpendicular*
(n 5 22 MTs, 13 cells)
1MT end, parallel*
(n 5 22 MTs, 13 cells)
2MT end‡ 
(n 5 32 MTs, 13 cells)
1MT end 
(Vasquez et al., 1997)§ 1MT end (Cassimeris et al., 1988)§
Growth rate
(mm/min)
4.5 6 2.7 6.8 6 3.9 – 4.9 6 0.14 (270) 7.2 6 0.3 (42)
Growth duration
(min)
0.6 6 0.4 0.9 6 0.7 – 1.06 1.2 6 1.0
Shortening rate
(mm/min)
5.2 6 4.3 7.6 6 5.4 6.4 6 5.9 14.3 6 0.(161) 17.3 6 0.7 (35)
Shortening duration
(mm/min)
0.5 6 0.5 0.4 6 0.2 0.7 6 0.6 0.3 0.4 6 0.3
Catastrophe frequency 
(min-1)
1.57 0.61 – 0.96 0.84
Rescue frequency
(min-1)
2.31 2.59 – 3.12 2.64
Percentage time in
growth/shortening/pause
35.7/24.2/40.1 75.6/17.7/6.7 0/77.8/22.2 – –
*For comparison of assembly dynamics of parallel and perpendicular MTs, 22 MTs that grew perpendicular to the cell’s edge and then underwent a bend and grew parallel to the
cell edge were followed. Assembly parameters were determined for the periods during which the MT was perpendicular or parallel. The period when the MT was bending was dis-
counted in the averages.
‡Measurements include both shortening minus ends in which the MT breakage event that produced the minus end was observed as well as minus ends of unknown origin that de-
polymerized into the field of view from the direction of the cell center. MT orientation was not considered and stable minus ends that never exhibited shortening were not included
in this analysis.
§Values expressed as mean 6 SEM; number of events measured in parentheses.The Journal of Cell Biology, Volume 139, 1997 422
nm), only z10 1-s exposures of highly attenuated light
(neutral density 2) were necessary to determine accurate
rates of movement, and this had no effect on the ruffling
or advancement of the cell edge during the observation
period. 10 beads in 6 cells were analyzed and found to
move rearward at exactly the same rate as parallel MTs at
the same location (Fig. 4, A and B). The average rate of
bead rearward movement was 0.41 6 0.22 mm/min, not sig-
nificantly different (P . 0.5) than the average rates of
rearward movement of parallel MTs (Table II), in agree-
ment with the observations in normal rat kidney cells by
Mikhailov and Gundersen (1995).
As a MT with a bend moved rearward in the lamella or
lamellipodia, the vertex of the bend moved rearward at
the same rate (Fig. 3, times 6:17–7:28), suggesting that the
portion of the MT that was perpendicular to the cell edge
and proximal to the bend was also moving rearward. This
observation suggested that all MTs in the lamella, both
parallel and perpendicular in orientation, are continuously
transported rearward, in spite of the appearance of a rela-
tively constant distance between the bulk of the plus ends
and the leading edge of the cell. To test this hypothesis di-
rectly, we used photoactivation methods (Mitchison, 1989)
to mark subunits in the lattice of perpendicularly oriented
MTs in the lamella and monitor the position of the marked
region relative to the cell edge. Cells were microinjected
with a mixture of X-rhodamine tubulin and caged-fluorescein
tubulin (1:10 X-rhodamine tubulin:C2CF tubulin, 5 mg/ml
total), and a narrow (z2.5 mm wide) bar of fluorescence
was photoactivated by exposure to 3 s of unattenuated UV
(360 nm) light, parallel to and z8–12 mm from the leading
edge of the cell. This exposure to UV had no apparent effect
on the ruffling activity or advancement of the cell edge. By
taking pairs of rhodamine and fluorescein images at 3-min
intervals after photoactivation, we found that fluorescein
marks on MTs moved rearward from the leading edge at
0.30 6 0.11 mm/min (n 5 8; Fig. 5, A and B), somewhat
slower on average but not significantly different (P . 0.5)
than the rates of rearward movement of either parallel
MTs, DIC refractile ridges, or surface-coupled beads (Ta-
ble II). Although the photoactivated fluorescein marks in
the lamella moved rearward, the positions of the MT plus
ends remained nearly constant relative to the cell’s edge,
and the length of the of the X-rhodamine–labeled portion
of the MTs between the mark and the cell edge increased
(Fig. 5, A and B), indicating that the bulk of plus ends
maintain a net growth rate of 0.3 mm/min.
Surprisingly, the rearward movement of the MT lattice
was similar for all perpendicular MTs marked in a lamella,
as marks on MTs that closely apposed one another main-
tained register, and the marks moved rearward as a coher-
ent bar (Fig. 5 A). The integrated fluorescence intensity of
a bar generally decreased only slightly during the z30–40-min
period in which rearward movement was monitored (after
mined from fluorescence intensity linescans perpendicular to and
across the leading edge. The “pioneer” MT steadily grows at
about 2 mm/min during advancement of the leading edge (z0–5
min). The proximal perpendicular MT undergoes very little net
growth until advancement of the leading edge ceases (z5 min),
whereupon the MT rapidly grows at z8 mm/min. Bar, 10 mm.
Figure 2. Dynamics of MTs in the lamella and lamellipodia dur-
ing protrusion of the leading edge. (A) A series of fluorescence
micrographs of the leading edge of a cell that had been injected
with X-rhodamine–labeled tubulin, elapsed time in min/sec in the
upper right of each panel. The boundary of the cell can be seen in
negative image because labeled tubulin subunits are diffusely flu-
orescent within the cell but not outside of the cell. Before protru-
sion of the cell edge (times 00:00–00:39) most MTs extend only as
far as the one marked with an arrowhead, however some MTs,
such as the one marked P, extend closer to the leading edge. As
the leading edge advances (times 00:39–04:49), the plus end of the
P MT approximately maintains its distance from the leading
edge, while the MT at the arrowhead does not extend into the
new protrusion until advancement of the leading edge has ceased
(times 4:49–5:29). (B) Dynamic life history plots of the plus ends
of the MTs marked in A in relation to the position of the cell
edge. Distance from the origin (a point at the bottom edge of the
micrograph at time 00:00) was plotted against time for images
captured at 7-s intervals. The position of the edge was deter-Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 423
background subtraction, to z75% of the value at time
zero, not shown). This is presumably due to depolymeriza-
tion of MTs through the marked region and photobleach-
ing. In a few cases, a parallel MT happened to be within
the photoactivated region, and it would move rearward at
the same rate as the marks on the perpendicular MTs (not
shown). These results demonstrate that all MTs in the
lamella, both perpendicular and parallel, are continuously
moving rearward at 0.3–0.4 mm/min.
Rearward Movement of MTs Continues When MT
Plus End Assembly Is Blocked
Although the lattice of perpendicular MTs and parallel
MTs move rearward in the lamella at similar rates, their
movement could be driven by different mechanisms. One
possibility is that perpendicular MTs are pushed rearward
in the lamella by net plus end growth that exerts a pushing
force against the leading edge of the cell or a barrier at the
base of the lamellipodia. To test this hypothesis, we
treated cells previously injected with X-rhodamine tubulin
with 100 nM nocodazole to block MT plus end assembly/
disassembly dynamics (Vasquez et al., 1997). The positions
and assembly dynamics of MT plus ends in the lamella
were then monitored by acquiring images at 7-s intervals
for 30 to 40 min (Fig. 6). Distance versus time plots of the
movement of MT ends showed that the MTs did not un-
dergo the growth and shortening characteristic of dynamic
instability, but were in a continuous state of pause, as ex-
pected from Vasquez et al. (1997; Fig. 6 B). The assembly/
disassembly-inhibited plus ends moved slowly away from
the leading edge at 0.39 6 0.12 mm/min, similar to the rate
of MT retrograde transport in untreated cells (Figs. 3 C
and 4; Table II). It is possible that 100 nM nocodazole
caused the MT plus ends to steadily depolymerize at this
rate, giving the appearance of rearward flow. We rule this
out because bends and curves in nocodazole-inhibited
MTs moved rearward at the same rates as the plus ends
(Fig. 6 A). After 40 min in 100-nM nocodazole, retrograde
movement had cleared the 15–30-mm-wide lamella of all
MTs, while regions near the nucleus still contained many
sinuous MTs (not shown).
Rearward Movement of MTs in the Lamella Is Sensitive 
to Cytochalasin D and BDM
MTs moved rearward in the lamella at the same rate as
surface-bound beads (Fig. 4), suggesting that MT move-
ment occurs by an actomyosin-based mechanism (Lin and
Forscher, 1995; Lin et al., 1996). To provide further evi-
Figure 3. Bending, reorientation, and retrograde flow of a MT in
the lamellipodia. (A) A series of micrographs in which the fluo-
rescence image of X-rhodamine–labeled MTs (pseudocolored
red) has been digitally superimposed onto the DIC image (in
grayscale) of the lamella. Pairs of fluorescence and DIC images
were captured within 1.5 s of each other at 9-s intervals; elapsed
time in min/sec is in the lower right of each panel. The base of the
lamellipodia can be seen as a slightly diffuse staining of X-rho-
damine–labeled subunits z5 mm from the leading edge. Because
the cell is slightly thicker in this region (not shown), the increased
volume produces a higher amount of fluorescent label. (B) Dy-
namic life history plot of the distance of the MT end at the arrow-
head in A from the origin (the position of the plus end at time 00:00)
versus time. (C) Plot of the distance of a point on the MT (square
in A) from the leading edge (directly in front of the point) versus
time. The y axis is inverted for clarity. Initially, the MT plus end
(arrowhead) perpendicular to the leading edge exhibits little net
growth (section 1 of graph B). The MT then grows from within
the lamella into the lamellipodia and touches the plasma mem-
brane (time 00:00–01:56 in A; section 2 of graph B) and then un-
dergoes dynamic instability as it “probes” the leading edge (times
01:56–03:52 in A; section 3 of graph B) and then bends within the
lamellipodia (times 03:52–05:32 in A; section 4 of graph B), rees-
tablishing its axis of growth parallel to the leading edge. The plus
end then undergoes rapid net growth (times 05:32–07:28 in A; sec-
tion 5 of graph B). The parallel portion of the MT (black square)
then moves rearward away from the leading edge (times 6:17–8:58
in A; graph C). Bar, 10 mm.The Journal of Cell Biology, Volume 139, 1997 424
amined its effects on MT rearward transport. Time-lapse
VE-DIC analysis of living cells perfused with 2.5 mM cy-
tochalasin D showed that ruffling of the leading edge
stopped rapidly after perfusion of the inhibitor, and the
margin of the cell retracted, leaving behind membrane
contacts with the coverslip and protrusions of the mem-
brane (Fig. 7 A) that grew and shortened with similar dy-
namics as MT plus ends (not shown). After several min-
utes in cytochalasin D, the rearward movement of DIC
refractile ridges was significantly reduced in the lamella as
compared to controls (P , 0.01, Table II). Lower concen-
trations of cytochalasin D had little effect on retrograde
flow, while higher concentrations caused the cell to detach
from the coverslip. In cells treated with cytochalasin D for
15 min and then fixed and processed for immunofluores-
cence localization of tubulin (Fig. 7 B), MTs were more
abundant as compared to untreated cells and extended to
the cell edge. Texas red-phalliodin staining (Fig. 7 C) re-
vealed that F-actin was depleted from the leading edge,
the actin marginal band was disrupted, and F-actin became
concentrated into bright puncta in the lamella. The rear-
ward movement of parallel MTs was then analyzed in cells
that had been previously microinjected with X-rhodamine
tubulin and then treated with 2.5 mM cytochalasin D. Im-
mediately after addition of cytochalasin D, parallel MTs
continued to flow rearward (not shown). However, similar
to the attenuated movement of surface markers, after 10
to 15 min, cytochalasin D induced a significant (P , 0.01)
84.7% reduction in the rate of movement of parallel MTs
as compared to control (Table II). These results indicate
that the continuous polymerization of actin is necessary
for the rearward transport of MTs in the lamella.
Evidence that the retrograde flow of F-actin in growth
cones is driven by a myosin motor was provided by a study
from Lin et al. (1996), where they demonstrated a dose-
dependent inhibition of retrograde flow of surface-coupled
beads by two distinct inhibitors of myosin; microinjection
of  n-ethyl-maleimide–inactivated myosin S-1 heads, or
treatment with the myosin ATPase inhibitor, 2,3-butane-
dione–2-monoxime (BDM; Cramer and Mitchison, 1995).
Based on this study, we sought to determine whether myo-
sin activity was required for the rearward transport of MTs
in our cells by treatment with BDM. Time-lapse VE-DIC
imaging of newt lung cells perfused with 20 mM BDM re-
vealed a rapid inhibition of the rearward movement of re-
fractile ridges and surface-coupled beads in the lamella
(Table II). Although the lamellipodia continued to ruffle
and exhibit retrograde flow, the ruffles protruded abnor-
mally and the rearward flow terminated abruptly at a well
Table II. Rates Rearward Transport of Markers in the Lamella of Newt Lung Cells*
Rate of rearward movement (mm/min)
Marker in lamella Control 20 mM BDM‡ 2.5 mM Cytochalasin D§
DIC refractile ridges 0.42 6 0.20 (n 5 11) 0.13 6 0.03 (n 5 9) 0.14 6 0.03 (n 5 7)
Parallel MTs 0.46 6 0.20 (n 5 10) 0.10 6 0.16 (n 5 6) 0.07 6 0.05 (n 5 12)
Photoactived bar of C2CF tubulin 0.30 6 0.11 (n 5 8) 0.11 6 0.08 (n 5 6)
Beads on cell surface 0.41 6 0.22 (n 5 10)
MT plus ends (100 nM nocodazole) 0.39 6 0.12 (n 5 6)
*Marker position measured relative to the leading edge of the cell.
‡Data taken within 5 min after application of BDM.
§Data taken 10–15 min after application of cytochalasin D.
Figure 4. Rearward movement of surface-coupled beads and par-
allel MTs in the lamella. (A) Digitally superimposed fluorescence
images (acquired within 1.5 s of each other) of a cell injected with
X-rhodamine tubulin (red) that was mounted in media containing
1 mm aminated Cascade blue latex beads (light blue). Elapsed
time in min/sec in the upper right of each panel. The bead de-
noted by the blue triangle is attached to the cell surface and
moves rearward while overlying a parallel MT within the cell
(green square). During the time period, the leading edge of the
cell advanced. (B) Graph of the distance between the bead (light
blue triangle) or parallel MTs (green square and yellow circle) and
the leading edge of the cell in A versus time (images taken at 3-min
intervals). The y axis is inverted for clarity. All three markers
move away from the leading edge with identical velocities. Bar,
10 mm.
dence for the role of F-actin in the rearward transport of
MTs, we characterized the effect of the barbed-end F-actin
assembly inhibitor, cytochalasin D (for review see Cooper,
1987), on retrograde transport in our cell type and then ex-Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 425
defined margin at the base of the lamellipodia (Fig. 7 D).
In cells fixed after 5 min in 20 mM BDM, MTs were
slightly bundled, but were not dramatically changed in
density or arrangement in the lamella (Fig. 7 E), while F-actin
was highly concentrated at the actin marginal band at the
base of the lamellipodia (Fig. 7 F). The effects of BDM on
the retrograde movement of either parallel or perpendicu-
lar MTs in the lamella was then tested. In cells injected
with labeled tubulins, 20 mM BDM induced a significant
(P , 0.01) 78.3% decrease in the rate of rearward trans-
port of parallel MTs, while photoactivation methods re-
vealed a significant (P , 0.01, 66.6%) reduction in the rate
of perpendicular MT rearward transport as compared to
controls (Table II).
Retrograde Flow Is Associated with
Microtubule Breakage that Generates Quasi-Stable
Noncentrosomal Microtubules
Local bending and buckling of otherwise straight or
slightly curved MTs often was observed in the lamella as a
result of continuous rearward transport of perpendicular
MTs in the lamella. During retrograde flow of MTs, local
buckling led to very tight bends and curves in the MT,
which often broke (Fig. 8) at an average radius of curva-
ture of 0.6 6 0.15 mm (n 5 7). We have never witnessed
straight MTs breaking, indicating that breakage is only as-
sociated with local buckling, and not directly caused by
photodamage (Vigers et al., 1988).
MT breakage created a new free plus end on the MT
that broke and a portion of MT with a new free minus end
and an old plus end. Just after breakage, 100% of the
newly formed plus ends analyzed shortened at least
slightly before beginning to exhibit growth and shortening
behavior typical of the bulk population of plus ends (Fig. 8
and Table III). In contrast, 82% of the free minus ends
formed by breakage neither grew nor shortened, but re-
mained stable (Fig. 8 B). The other 18% of newly formed
minus ends shortened immediately after breaking at an av-
erage rate of 6.43 6 5.85 mm/min (Fig. 8 A, and Tables I
and III) similar to the shortening rate of plus ends. Free
minus ends never grew. For the most part, stabilized minus
ends formed by breaking remained stable until the end of
the recorded sequence of images or until rearward flow
swept them into regions crowded with MTs and they were
no longer visible. In a few cases minus ends that were sta-
ble after breakage began to rapidly shorten a few minutes
later. If a free MT minus end produced by breakage began
to shorten, it never restabilized but continued to shorten
with intermittent pauses. Minus end shortening continued
until the MT was fully consumed by minus end shortening
catching up with the dynamic plus end (Fig. 9). Thus, mi-
Figure 5. Rearward move-
ment of the lattice of perpen-
dicular MTs in the lamella.
(A) Digitally overlaid and
pseudocolored micrographs
of a cell that was injected
with a mixture of X-rhoda-
mine (red)- and caged fluo-
rescein (yellow–green)-labeled
tubulins (captured at 3-min
intervals within 1.5 s of each
other). The cell was exposed
to a 2.5-mm-wide bar of UV
light to activate the fluores-
cein label just before the first
image. Elapsed time (in min/
sec) is in the upper left of
each panel. (B) Plots of rela-
tive fluorescence intensity
(after background subtrac-
tion) versus position along the white line in A. Fluorescence loss due to
photobleaching of C2CF during the total exposure time is ,5% under simi-
lar conditions (not shown). The green lines represent intensity of uncaged
fluorescein, and the red lines represent intensity of X-rhodamine. Time at
which the scan was taken is denoted by the thickness of the plotted line.
The position of the fluorescein-labeled subunits in the primarily perpendic-
ular MTs moves rearward through the lamella over time (A, white arrow-
heads in B over the green scanlines mark the peak fluorescein intensity),
while the level of the X-rhodamine–labeled MT polymer remains relatively
constant across the lamella over time (red scan lines in B). Loss in intensity
of the fluorescein signal over time is due to depolymerization of MTs
through the marked region and photobleaching. Note that the fluorescein-
labeled subunits move rearward as a relatively coherent bar (A), and the
width of the bar increases very little over time (B). Bar, 10 mm.The Journal of Cell Biology, Volume 139, 1997 426
nus ends produced by MT breaking were either stabilized
or dynamic, with their dynamics consisting of only two
states: shortening, which occupied 77.8% of their time, and
pause, which occupied 22.2% (Table I, total analysis time 5
167.3 min on 32 MTs in 15 cells).
MTs with Free Plus and Minus Ends Can Exhibit 
Treadmilling through the Lamella
Although a MT with a rapidly depolymerizing minus end
was always eventually consumed by complete depolymer-
ization, the lifetime before complete consumption ap-
peared to be dependent on the MT orientation. When the
MT was perpendicular to the leading edge, the plus end
typically achieved very little net growth, and minus end
depolymerization resulted in quick consumption of the
MT (Fig. 9, white arrow). However, if the MT was aligned
parallel to the leading edge, the net plus end growth char-
acteristic of parallel MTs in these cells delayed the con-
sumption of the MT by minus end depolymerization (Fig.
9, black arrow). Simultaneous net growth of the plus end
and net shortening of the minus end resulted in a MT poly-
mer that apparently treadmilled through the lamella, with
its plus end leading, parallel to the edge of the cell at rates
similar to the net rate of growth of the plus end of parallel
MTs. During treadmilling, the piece of MT would con-
tinue to undergo retrograde flow, and alternately and ran-
domly gain and lose length, until it finally was consumed.
We demonstrated that the movement of these small seg-
ments of MT was indeed treadmilling and not solely MT
translocation by microinjecting cells with a relatively low
level of X-rhodamine–labeled tubulin. Under these condi-
tions, MTs were not evenly fluorescent but exhibited a dis-
tinct “speckled” bright and dark lattice. This variation in
fluorescence intensity along the length of MTs is a prop-
erty of stochastic incorporation when the fraction of la-
beled subunits is a small fraction (5%) of the total tubulin
(Waterman-Storer, C.M., and E.D. Salmon, manuscript in
preparation). Speckled MTs underwent dynamic instabil-
ity with growth and shortening rates and transition fre-
quencies similar to those for cells injected with higher lev-
els of labeled tubulin (not shown). The bright and dark
speckles served as internal fiduciary marks of the MT lat-
tice, similar to the photoactivated marks described above,
making it possible to analyze the addition and removal of
tubulin subunits relative to the lattice of the MT. This
showed that within a treadmilling piece of MT, the dis-
tance between an internal mark and the minus end would
decrease over time, and distance between the mark and
the plus end would increase over time, while the mark
stayed nearly stationary relative to the lamella (Fig. 10).
Although plus end growth was interspersed with periods
of shortening and pause, and minus end shortening was in-
terspersed with periods of pause, as long as there was net
plus end growth and net minus end depolymerization, the
polymer continued to treadmill in a plus end direction at
the plus end growth rate of parallel MTs (6.8 mm/min), of-
ten for .30 mm. When plus end shortening or pause con-
tinued with concomitant minus end shortening, the MT
fragment was then consumed by depolymerization. In ad-
dition to treadmilling, MT fragments exhibited very short
(0.87 mm, n 5 9), sudden translocations in the plus end di-
rection, as indicated by movements of speckles in the MT
lattice (Fig. 10). Because the translocations often occurred
within the 7-s interval between images, their velocity could
not be accurately determined. Because the translocations
occurred at an average frequency of only once every 4.06
min, they represented a minor component of the forward
motion of MT fragments.
The Centrosome Contributes Very Few New Plus or 
Minus Ends to the Cellular Pool of MTs
Examination of time-lapse fluorescence series of images
near the base of the lamella where the cell becomes
thicker showed that the rearward flow of MTs ended here,
and the MTs flowing into this region bent and buckled ex-
tensively (not shown). This likely produces the bent, con-
Figure 6. Rearward flow of assembly-inhibited MT plus ends in
the lamella. (A) Selected fluorescence micrographs from a series
of a cell that was injected with X-rhodamine–labeled tubulin and
then mounted in media containing 100 nM nocodazole to inhibit
MT plus end assembly dynamics. Elapsed time after addition of
nocodazole shown in the upper right of each panel. The positions
of three MT plus ends are highlighted. (B) Dynamic life history
plots of the distance of the plus ends of the three MTs marked in
A from the leading edge of the cell versus time (images acquired
at 7-s intervals). The y axis is inverted for clarity. The MT plus
ends do not exhibit typical plus end dynamic instability but in-
stead move slowly away from the cell edge at z0.4 mm/min (B).
While moving rearward, the MTs maintain characteristic bending
patterns (A), indicating that the movement of the plus end is not
due to depolymerization. Bar, 10 mm.Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 427
voluted, and random orientation of MTs in the region of
the cell body between the lamella and the nucleus (as in
Fig. 1 B). The minus ends of MTs (judged so by their ori-
entation towards the cell body and the fact that they never
grew) often entered the peripheral lamella from this re-
gion as they rapidly shortened towards the leading edge of
the cell (Fig. 9). However, because the thickness of the cell
in this region made resolution of individual MT breakage
events very difficult, it was possible that these free minus
ends were generated either by MT breakage or ejection
from the centrosome. To differentiate between these two
possibilities, we compared the rate at which MTs were re-
leased from the centrosome to the rate at which free minus
ends depolymerized into the field of view in the lamella.
To image MT dynamics at the centrosome, peripheral
cells in which the centrosome was positioned beneath the
nucleus were chosen because the overlying nucleus pro-
vided both a clear image as well as a flattened array of
MTs (Fig. 11). Images were acquired at 7-s intervals and
time-lapse series examined for evidence of MT ejection
Figure 7. Affects of cytocha-
lasin D and BDM on the ar-
chitecture and cytoskeleton
of the lamella and lamellipo-
dia. VE-DIC images of the
lamella of living cells (A and
D) z5 min after the perfu-
sion of 2.5 mM cytochalasin
D (A) or 20 mM BDM (D)
and an untreated cell (G), for
comparison. In A, the lead-
ing edge formed protrusions
as the plasma membrane re-
tracted around growing MTs.
In  D, the lamellipodia con-
tinued to ruffle and exhibit
retrograde flow, but this mo-
tility ended abruptly at the
margin at the base of the
lamellipodia. Within the
lamella, retrograde flow was
inhibited. Fluorescence im-
ages of microtubules (B and
E, with anti-tubulin antibod-
ies) and F-actin (C and F,
with Texas red-phalloidin)
in fixed cells treated for 20
min with 2.5 mM cytochalasin
D (B and C) or for 5 min
with 20 mM BDM (C and F).
Treatment with cytochalasin
D caused the lamellipodia to fill up with microtubules and for F-actin to concentrate into large puncta. Preservation of the membrane
extensions shown by VE-DIC in A by fixation was not possible. Treatment with BDM left the microtubule array slightly bundled but
relatively undisturbed and resulted in a large concentration of F-actin at the actin marginal band. Bar, 10 mm.
Figure 8. MT breakage induced by local MT
buckling in the lamella. Selected images from se-
ries of fluorescence micrographs of cells injected
with X-rhodamine–labeled tubulin. Time in min/
sec is shown in the upper left of each panel. (A)
A MT with local buckling broke at 11 s. The
newly formed minus end (large arrowhead)
shortened immediately after breakage, while the
new plus end (small arrowhead) formed by the
break shortened slightly before beginning to un-
dergo dynamic instability (times 00:19–1:57). (B)
A MT with local buckles broke (time 5 00:10),
forming a new minus end (large arrowhead) that
remained stable and a new plus end that short-
ened before undergoing dynamic instability
(times 00:20–01:59). Bar, 10 mm.The Journal of Cell Biology, Volume 139, 1997 428
from the centrosome. In 121.4 min of analysis time in six
cells, only three MTs were ejected from the centrosome, a
frequency of 0.02 6 0.04/cell/min (Table IV). In spite of
this low ejection frequency, free minus ends depolymer-
ized into the z30 3 30 mm field of view at the lamella
from the direction of the cell body at a frequency of 0.3 6
0.2/min (Table IV). Thus, for a typical cell with z90 3 30
mm lamella, about one minus end depolymerizes into the
lamella per minute. Since only 0.02 minus end is released
from the centrosome per minute, the centrosome is not re-
sponsible for generating most of the free minus ends seen
in the lamella.
The ability to compare MT numbers and dynamics at
the centrosome to those within the lamella also allowed us
to estimate the contribution of centrosomal MT dynamics
to the turnover of MTs in the lamella and to estimate the
total number of noncentrosomal MTs in these cells. At the
cell edge, about seven new plus ends grew from the direc-
tion of the cell body and entered the field of view in a typi-
cal 90 3 30 mm lamella every minute (2.3 6 0.3/min per 30
3 30 mm field 5 6.9 6 0.9 per 90 3 30 mm lamella). In con-
trast, 2.9 6 2.4 MTs were nucleated at the centrosome per
min (Table IV), and typically only half of these grew to-
wards the lamella. The nucleation rate at the centrosome
was also offset by an average of 2.8 6 2.6 MTs that were
consumed as they depolymerized without rescue all the
way back to the centrosome (Table IV). Furthermore, we
often observed that the same site on the centrosome re-
peatedly nucleated and consumed MTs (not shown). This
suggests that most of the plus ends growing into the
lamella do not originate by nucleation at the centrosome.
We also found that only z0.6 6 0.9 plus ends depolymer-
ized out of a 90 3 30 mm lamella towards the cell body
each minute. Instead, MT plus ends left the lamella either
by becoming parallel to the leading edge and flowing rear-
ward or by minus end depolymerization and consumption
of the entire MT. This suggests that MT depolymerization
from the lamella all the way back to the centrosome is a
relatively infrequent event.
To determine the total number of noncentrosomal MTs,
we calculated the difference between the number of MT
minus ends bound to the centrosome and the number of
plus ends in lamella. There were only 22.4 6 9.6 MTs on
average emanating from a centrosome (total number
counted at 5-min intervals), and again, only about half of
these extended towards the lamella. In contrast, there was
always .90 plus ends in a 90 3 30 mm area of the lamella
(counted at 5-min intervals; Table IV). This suggests that at
most, between 11.2 and 22.1% of the z90 MT plus ends
present in a 90 3 30 mm lamella could be bound at their
minus ends to the centrosome, and at least 77.9–88.8% of
MTs in the cell have noncentrosomal minus ends.
Discussion
In this study, we have discovered several novel features of
MT dynamics in living migrating cells that have implica-
tions for the arrangement of MTs and the mechanism of
polymer turnover in these cells that differ considerably
from the prevailing view in which MTs are bound to cen-
trosomes at their minus ends and turn over by dynamic in-
stability at their free plus ends. These findings are outlined
in Fig. 12, and below we discuss them in sequence, consid-
ering possible underlying mechanisms, related phenom-
ena, and the implications for MT turnover in migrating
cells.
Regional Regulation of Individual MT Dynamics
As predicted by Kirschner and Mitchison (1986), we have
found that specific parameters of MT dynamic instability
are significantly different depending on the location (Fig.
2) or orientation of individual MTs (Fig. 3 and Table I)
within a migrating newt lung epithelial cell. Most MTs in
the lamella oriented perpendicular to the leading edge ex-
tend to the base of the lamellipodia, exhibit frequent tran-
sitions, and show little net change in length (Fig. 12, '1),
while “pioneer” MTs that enter the lamellipodia during
protrusion and parallel MTs within the lamellipodia un-
Table III. Assembly Behavior of New MT Ends Produced
by MT Breakage in the Lamella Measured Immediately
After Breakage
MT end monitored
(n 5 5 cells, 11 MTs)
MT end behavior
Remains stable Grows Shortens
1 end 0% 0% 100%
2 end 82% 0% 18%
Figure 9. MT minus ends depolymerize into the field of view in
the lamella. Fluorescence images from a series acquired at 7-s in-
tervals of a cell injected with X-rhodamine–labeled tubulin.
Elapsed time in min/sec is in the upper left of each panel. The
leading edge of the cell is visible in negative image near the top of
each panel. The positions of two different MT minus ends are
highlighted with white and black arrowheads, respectively, in
each panel. The minus end at the white arrow was present at the
start of the sequence. The MT rapidly depolymerizes from the
minus end (times 00:00–00:55) which then stabilizes and remains
so (times 00:55–02:32) until the MT is consumed by plus end de-
polymerization (time 03:28). The minus end at the white arrow
enters the field of view by rapid depolymerization (times 00:14–
00:55), which it continues until the MT is nearly consumed (times
00:55–03:28). Note that the plus end of this MT grows (times
02:12–03:28); thus a MT piece appears to move in the lamella as
the minus end continues to depolymerize during the same time
period. Bar, 10 mm.Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 429
dergo catastrophe less often and exhibit net growth (Fig.
12, '2). Subsets of MTs that extend close to the cell edge
have been observed previously in motile cells (Sammak
and Borisy, 1988a,b; Tanaka and Kirschner, 1991; Mikhailov
and Gundersen, 1995), but differences in parameters of
dynamic instability between the extended MTs and the
bulk of the plus ends in those cells were not determined.
Wadsworth (Wadsworth, P. 1996. Mol. Biol. Cell. 7:3342a)
has recently observed differences in catastrophe frequency
and percent time in growth for MTs in the leading lamelli-
podia versus MTs in lateral regions of locomoting PtK
cells, suggesting that specific regulation of catastrophe fre-
quency may be a general means by which MT dynamics
are regionally regulated during interphase in many cell
types. In addition, a high concentration of activated fac-
tors that promote catastrophe may be responsible for the
high frequency of transition observed for perpendicular
MTs extending to the base of the lamellipodia. Recently,
two such catastrophe-promoting factors have been identi-
fied: the Xenopus kinesin-related protein XKCM-1 (Walc-
zak et al., 1996), and the oncoprotein Op-18/stathmin (Bel-
mont and Mitchison, 1996). So far, the effects of XKCM1
on MT catastrophe have only been characterized in mi-
totic cytoplasm, and it is unknown how XKCM-1 is regu-
lated and whether it is active during interphase. Impor-
tantly, a recent study from Cassimeris’ lab has shown that
Op-18/stathmin plays a key role in the regulation of MT
dynamics in migrating newt lung cells, as microinjection
Figure 10. Treadmilling of a MT in the lamella. (A) Fluorescence micrographs (taken at 9-s intervals) of a region in the lamella of a cell
that had been injected with a relatively low level of X-rhodamine–labeled tubulin. The featured MT was parallel to and z8 mm from the
leading edge of the cell, which was at the right. The low level of labeled tubulin results in MTs that are unevenly fluorescent along their
lengths. The position of the plus (top) and minus (bottom) ends of the MT are marked with white arrowheads, while the position of a
dark (unlabeled) region of the MT lattice is marked with a black arrowhead. The polarity of the MT ends was identified when the MT
broke (shown in the previous micrographs). The treadmilling MT was also undergoing retrograde flow toward the cell body (to the left).
(B) Graph of the distance of the minus end, the plus end, and the dark mark in the MT lattice versus time. Distance was measured rela-
tive to the minus end of the MT. The arrow spans the portion of the graph represented in the micrographs in A. The plus end of the MT
undergoes growth and shortening assembly dynamics typical of parallel MTs; long excursions of uninterrupted growth interspersed with
short periods of pause or shortening. The minus end rapidly shortens, pauses for a relatively long period of time, and then resumes rapid
shortening. The dark region of the lattice stays relatively stationary with respect to either end, with slight translocations of the lattice oc-
curring at around 30–40 and 70 s (in graph B). Bar, 2 mm.
Figure 11. Dynamics of MTs at the centrosome. Fluorescence images from a series (taken at 7-s intervals) of a cell injected with X-rho-
damine tubulin. Elapsed time in min/sec is in the upper right of each panel. The centrosome in this cell was positioned at the edge of the
nucleus, so that half of the MTs emanating from the centrosome were visible beneath the nucleus. A MT was nucleated from the cen-
trosome (small arrowhead) and grew radially out of the field of view (times 00:29–00:59). Another MT depolymerized from outside the
field of view (large arrowhead) and was consumed by complete depolymerization all the way back to the centrosome (times 00:59–01:
59). Bar, 10 mm.The Journal of Cell Biology, Volume 139, 1997 430
with anti-Op-18/stathmin antibodies suppressed catastro-
phe and resulted in an increase in the number of perpen-
dicular MTs in the lamella (Howell, B., H. Deacon, and L.
Cassimeris, personal communication). How MTs would
override regulation at the base of the lamellipodia and be-
come pioneers within the lamellipodia is not known, al-
though a possible candidate protein that could be envi-
sioned to single out MTs to become pioneers is APC. In
migrating cells, APC localizes only to the plus ends of MTs
that are invading protrusions of the leading edge (Nathke
et al., 1996), and it would be interesting to know the effects
of APC on MT assembly dynamics.
MTs could also be prevented from entering the lamelli-
podia by structural constraints. Structures at the base of
the lamellipodia that may be capable of forming a block-
ade to growth include the dense actin network at the F-actin
marginal band, or regions of high cytoplasmic density dis-
tal to the MT ends. We have approached the latter question
by following MT dynamics in cells that were microinjected
with 24-nm fluorescein-labeled ficolls (kindly provided by
K. Luby-Phelps, University of Texas Southwestern Medi-
cal School, Dallas, TX) that are known to be excluded
from dense regions of cytoplasm in the periphery of 3T3
and PtK where MTs are absent (Provance et al., 1993).
However, in newt lung cells we did not find that 24-nm fi-
colls were excluded from regions distal to perpendicular
MT plus ends (Waterman-Storer, C., and E.D. Salmon,
unpublished observations). Thus, if the constraint on MT
growth at the base of the lamellipodia is structural, it is
more likely to be provided by the actin marginal band.
This is supported by the observation that treatment with
either cytochalasin D or BDM inhibits retrograde flow,
but cytochalasin D disrupts the actin marginal band and
allows unconstrained growth of MTs, while BDM en-
hances the concentration of F-actin at the marginal band
and does not allow unconstrained MT growth (Fig. 7).
Forscher and Smith (1988) have noted similar effects in
Aplysia bag cell growth cones, where treatment with cy-
tochalasin B halts retrograde flow, results in extension of
MTs into the growth cone, and disrupts actin that is con-
centrated distal to the plus ends of MTs. Treatment of
growth cones with BDM, however, decreases the concen-
tration of actin distal to the MT ends but causes retraction
of the leading edge (Lin et al., 1996), which may also steri-
cally hinder MT growth in a fashion similar to the actin
marginal band.
Another surprising finding of the present study was that
the orientation of a MT parallel to the leading edge of the
cell affects the biochemistry of the MT end (Fig. 12, '2),
decreasing catastrophe frequency and increasing growth
and shortening rates. This also could be due to constraint
of MT growth by the barrier of the plasma membrane
when the MT is perpendicular to the leading edge within
the lamellipodia, and when the MT bends and runs paral-
lel to the cell edge it then can grow unconstrained. How-
ever, MTs in living cells have been observed to undergo
catastrophe or rescue at the same site along the MT lattice
Table IV. Comparison of the Nucleation and “Consumption” of MTs at the Centrosome to the Appearance and Disappearance of 
Plus Ends in the Lamella
MTs/centrosome
(MTs/5 min)
MT nucleations
(MTs/min)
MTs depolymerizing
to centrosome (MTs/min)
MT releases from
centrosome (MTs/min)
Centrosome (n 5 7 cells) 22.4 6 9.6 2.9 6 2.4 2.8 6 2.6 0.02 6 0.04
MTs/lamella
(MTs/5 min)
MT 1 ends entering
lamella (ends/min)
MT 1 ends depolymerizing
out of lamella (ends/min)
MT 2 ends entering
 lamella* (ends/min)
90 3 30 mm Lamella‡
(n 5 19 cells)
.90 6.9 6 4.5 0.6 6 0.9 0.9 6 0.6
*Minus ends could enter the field either by breaking within the field of view or depolymerizing towards the leading edge from outside the field of view.
‡Values were determined for a 30 3 30 microscopic field of view of the lamella and multiplied by three to give a value for a lamella of typical length.
Figure 12. Model of MT arrangement and turnover in the lamella
and lamellipodia of migrating newt lung epithelial cells. Thick
lines represent MTs; dotted lines, the border between the lamella
and lamellipodia; thin arrows, MT growth or shortening; arrow-
heads, sites of MT breakage; thick arrows, the direction of retro-
grade flow; dotted area, the putative zone of MT breakage at the
base of the lamella; and circles, the centrosome. The numbers in
the diagram refer to findings and hypotheses from this study. The
cell is migrating to the right. 1, MTs in the lamella oriented per-
pendicular to the leading edge extend to the base of the lamelli-
podia, exhibit frequent and short dynamic instability, and show
little net change in length. 2, Parallel MTs within the lamellipodia
undergo catastrophe less often and exhibit net growth. 3, Parallel
MTs and photoactivated marks on perpendicular MTs in the
lamella (stars) move continuously towards the cell center at z0.4
mm/min. 4, F-actin (beaded lines) crosslinked to MTs is postulated
to be moved rearward by myosin, which is bound to an unknown
stationary structure (question mark) in the lamella. 5, MT break-
age occurring at sites of local MT buckling. 6, Free minus ends
formed by breakage are specifically capped (asterisks). 7, Tread-
milling of MTs by net plus end growth and net minus end short-
ening. 8, ,25% of all MTs in the cell are bound at their minus
ends to the centrosome. 9, Cytoplasmic dynein bound to a mem-
branous organelle (question mark) or other MT crosslinking
proteins, are proposed to organize noncentrosomal MTs in the
lamella.Waterman-Storer and Salmon Microtubule Dynamics in Migrating Cells 431
or re-grow along the same sinuous path after rescue, sug-
gesting that regulators of MT dynamic instability may be
cytomatrix bound (Shulze and Kirschner, 1988), and this
could be responsible for the effect of orientation on MT
assembly observed in the present study. It is well estab-
lished that some microtuble-associated proteins bind both
actin and MTs (Griffith and Pollard, 1978, 1982; Selden
and Pollard, 1983, 1986), and F-actin in the lamellipodia of
various motile cell types is organized into a criss-cross
weave. (Lewis and Bridgman, 1992; Small et al., 1995; for
review see Small, 1988). Thus, a growing MT end could en-
counter a different density of F-actin–bound modulators
of dynamic instability depending on its orientation with re-
spect to the F-actin weave.
MT Retrograde Flow in the Lamella
A surprising finding of the present study was that all MTs
in the lamella, both parallel and perpendicular to the cell
edge, are continuously moving towards the cell center at
z0.4 mm/min, the same rate as refractile “ridges” and sur-
face-bound beads (Fig. 12, '3). Rearward movement of
perpendicular MTs has not been detected in other studies
in which MTs in the lamella have been marked (Sammak
et al., 1987; Sammak and Borisy, 1988b; Rodionov and
Borisy, 1994, 1997a), in spite of the fact that some of these
cell types were motile (Sammak et al., 1987; Sammak and
Borisy, 1988b). In these previous cases, the cells often ap-
peared to have localized regions of ruffling along more
than one edge, and it was not noted whether the cells ex-
hibited retrograde flow of surface markers. In contrast, in
regions of the cell facing the direction of migration where
retrograde flow of surface markers occurs, parallel MTs
flow rearward in NRK cells (Mikhailov and Gundersen,
1995), and there is evidence for a similar phenomenon in
polarized Xenopus A-6 cells (Terasaki and Reese, 1993).
Whether perpendicular MTs flow rearward in either of these
cases was not tested. However, based on results of the
present study, we would predict that retrograde flow of
surface markers is concomitant with retrograde flow of both
parallel and perpendicular MTs in migrating cells.
Although we documented that the rearward flow of
MTs in the lamella was insensitive to concentrations of no-
codazole that inhibited MT dynamics but sensitive to the
actin polymerization inhibitor cytochalasin D and the my-
osin ATPase inhibitor BDM, the details of the mechanism
of MT movement are still unclear. The fact that MTs move
rearward at the same rate as surface markers (Table II)
suggests that MTs are moving retrogradely at the same
rate as F-actin in the lamella (Lin and Forscher, 1995) al-
though this needs to be tested directly. If MTs and F-actin
do move at the same rate, this suggests that they may be
tethered to one another, forming a composite cytomatrix.
This is supported by the observation that the lattice of
MTs stays stationary with respect to the surrounding cy-
tomatrix during the treadmilling of individual MTs (Fig.
9), implying links between tubulin subunits and the sur-
rounding matrix. This further implies that all organelles
that bind to either actin or MTs are also undergoing retro-
grade flow, as has been suggested for both the endoplas-
mic reticulum (Terasaki and Reese, 1993) and pinocytotic
vesicles (Mikhailov and Gundersen, 1995). This composite
cytomatrix could be moved by myosin, bound to a station-
ary structure in the lamella, and contracting or pulling
rearward the F-actin meshwork with attached MTs (Fig.
12, '4). In this model, inhibition of actin polymerization
at the leading edge would allow F-actin and MTs to con-
tinue to be drawn rearward by myosin until the lamella
was emptied of the population of F-actin bound to MTs,
which would explain the lag we observed in inhibition of
MT retrograde flow by cytochalasin D treatment. In con-
trast, inhibition of myosin ATPase with BDM would im-
mediately stop MT rearward flow, again consistent with
what we observed. Which member(s) of the myosin super-
family would be responsible for the retrograde F-actin
movement and to what stationary structure they are
bound are open to question, and no myosins have yet been
localized in newt lung epithelial cells. In other spread and
polarized vertebrate cell types, isoforms of myosins I and
II are variously either concentrated in the lamellipodia or
localized to puncta in the lamella or growth cone (for re-
view see Mooseker and Cheney, 1995).
Although the inhibitory effects of BDM on purified plate-
let myosin II and brain myosin V have been demonstrated
(Cramer and Mitchison, 1995), its efficacy as a “generalized”
inhibitor of muscle and nonmuscle myosin ATPases is not
fully established. Furthermore, BDM inhibits muscle con-
traction by a combination of its inhibitory activities both
on myosin (Herrmann et al., 1992), on cation channels in
the plasma membrane (Schlichter et al., 1992) and sarco-
plasmic reticulum (Phillips and Altschuld, 1996), and on
ATP translocases in the mitochondrial membrane (Mojon
et al., 1993). Thus, the inhibition of MT retrograde move-
ment by BDM may be a secondary effect of ionic imbal-
ances or metabolic defects. However, based on the dem-
onstration by Lin et al. (1996) that BDM and competitive
inhibition of actomyosin by microinjection of NEM-inacti-
vated myosin heads have similar effects on retrograde
flow, we favor the idea that MTs move rearward by the
acto-myosin based mechanism described above.
MT Breakage and the Generation of Free 
MT Minus Ends
MT breakage that occurred at sites of local MT buckling
(Fig. 12, '5) could either be the result of mechanical stress
or the activity of one of the MT-severing factors, katanin
(McNally and Vale, 1993), 56-kD homo-oligomeric–sever-
ing factor (Shiina et al., 1992), or EF1a (Shiina et al.,
1994). Because MT breakage always occurred on buckled
MTs at an average radius of curvature with a small stan-
dard deviation (0.6 6 0.15 mm), we suspect that mechanics
are relevant, although breaking MTs by bending in vitro
has not been documented. However, this does not rule out
the activity of severing proteins. Indeed, by electron mi-
croscopy, the 56-kD homo-oligomeric–severing factor has
been observed to bind at kinks along the MT (Shiina et al.,
1992). Instead of producing the kinks, as was suggested,
the factor may preferentially bind to a stressed MT lattice.
However, both katanin and the homo-oligomeric 56-kD
severing factor are not thought to be active in interphase,
so there may be other factors involved in the MT breakage
we observed in newt lung cells.
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either by UV microbeam irradiation (Walker et al., 1989)
or with a microneedle (Tran et al., 1997b), plus ends
formed by cutting shorter 100% of the time, while minus
ends rarely shorten (z10–25% of the time) and mostly be-
gin to grow (z75–90% of the time). Similarly, new plus
ends formed by MT breakage in vivo always shortened im-
mediately. Although free minus ends produced by break-
age in the cell shortened a similar proportion of the time
as is observed for cut MTs in vitro, minus ends formed by
breakage in vivo never grew but were generally stabilized,
undergoing neither growth nor shortening. This suggests
that free minus ends formed by breakage in the cell are
specifically capped (Fig. 12, '6), as has been suggested for
MT minus ends in extracts of Xenopus (Gard and Kir-
schner, 1987) or sea urchin (Gliksman et al., 1992) eggs.
MT minus ends in Drosophila centrosomes are capped by
a ring of g tubulin (Moritz et al., 1995), and g tubulin has
been localized to noncentrosomal sites at the apical region
of polarized epithelial cells where noncentrosomal MTs
originate (Meads and Schroer, 1996). Thus, it would be in-
teresting to localize g tubulin in newt lung cells. There also
now is a general agreement between several recent studies
that indicates that free minus ends in cells never grow, no
matter whether they are produced by MT breakage (the
present study), centrosome (or MT organizing center) re-
lease (Keating et al., 1997; Rodionov and Borisy, 1997b;
and the present study), or spontaneous nucleation (Yvon,
A.M., and P. Wadsworth. 1996. Mol. Biol. Cell. 7:3341a).
Thus, in addition to minus end capping factors, there must
also be factors in the cell that specifically inhibit minus end
growth and rescue.
Treadmilling behavior of MTs with two free ends pro-
duced by breakage was observed for a short period of time
when dynamic instability by chance became coordinated
between the two MT ends, resulting in net growth at the
plus end and net shortening at the minus end (Fig. 12, '7).
Similar to MTs in the periphery of cells in the present
study, Keating et al. (1997) have observed MT treadmill-
ing and translocation after MT minus ends are released
from the centrosome. In these two cases, both MT plus
and minus ends exhibited the transitions between growth,
shortening, or pause that are typical for each end in vivo.
In contrast, Rodionov and Borisy (1997b) recently showed
that for a MT ejected from a noncentrosomal MT organiz-
ing center in a cellular fragment of an interphase melano-
phore, the plus end grew without transitions and the minus
end shortened without transitions as the MT treadmilled
towards the cell periphery. How control of dynamic insta-
bility in these cell fragments resulted in this behavior is un-
known (for review see Waterman-Storer and Salmon,
1997).
Centrosomal and Noncentrosomal MTs
Surprisingly, we found that z80–90% of the MTs in mi-
grating newt lung cells were not bound to the centrosome
(Fig. 12, '8), however the specific mechanism by which
the free-ended MTs were generated is not certain. Non-
centrosomal MTs have been observed in many cell types,
including neurons (Yu et al., 1993), polarized epithelial
cells (Bre et al., 1987), sea urchin eggs (Harris et al., 1980),
dictyostelium cells (Kitanishi and Fukui, 1987), as well as
in fish scale cells (McBeath and Fujiwara, 1990) and other
undifferentiated cells in culture (Brinkley et al., 1981) dur-
ing treatment and/or recovery from conditions that depo-
lymerize MTs. It has been assumed for the most part that
noncentrosomal MTs are produced either by noncentroso-
mal nucleation or centrosomal release. Although noncen-
trosomal nucleation of MTs has been documented in cell
extracts (Gard and Kirschner, 1987) and A498 cells (Yvon,
A.M., and P. Wadsworth. 1996. Mol. Biol. Cell. 7:3341a),
we have not seen any examples of this in our system. Ad-
ditionally, in contrast to the recent study by Keating et al.
(1997) who found in non-migratory PtK cells that about
two MTs are released from the centrosome every minute,
we found in migrating newt lung cells that MTs were
rarely released from the centrosome. We thus suggest that
the primary mechanism for generating free MT minus
ends in migrating newt lung cells is by retrograde flow-
driven MT breakage, and this further implies that the acto-
myosin cytoskeleton is indirectly responsible for the gen-
eration of noncentrosomal MTs during cell migration.
The observation that most MTs in these cells are not
bound to the centrosome raises the question of how MTs
are organized into a relatively parallel array in the lamella
and continue to grow with their plus ends toward the lead-
ing edge when there is no constraint on orientation im-
posed at their minus ends by the centrosome. Rodionov
and Borisy (1997a) have recently shown that MTs in frag-
ments of interphase melanophores that lack centrosomes
are organized into a radial array presumably by the minus
end-directed MT motor activity of cytoplasmic dynein as-
sociated with membranous organelles. Cytoplasmic dynein
has also been implicated in the organization of mitotic
MTs into focused spindle poles in the absence of cen-
trosomes in cells and cell extracts (for review see Waters
and Salmon, 1997). Therefore, it is possible that cytoplas-
mic dynein also plays a role in the organization of noncen-
trosomal MTs in the lamella of migratory cells (Fig. 12,
'9). However, when retrograde flow is stopped com-
pletely with cytochalasin in A-6 cells (Terasaki and Reese,
1993) or neuronal growth cones (Forscher and Smith,
1988; Lin and Forscher, 1995), MTs extending into the
lamellipodia become bent and random in orientation, sug-
gesting that F-actin itself or its retrograde movement may
impose organization on MTs in the lamella. In the present
study, treatment with concentrations of cytochalasin that
slowed retrograde flow of MTs resulted in an increase in
the number of MTs in the lamella, but the MTs did not be-
come random in orientation. Problems with cell adhesion
to the coverslip prevented us from testing the effects of
higher concentrations or longer treatments with cytochala-
sin that stopped retrograde flow, thus it is uncertain
whether F-actin retrograde flow is required for maintain-
ing MT organization in the lamella of newt lung cells.
MT Turnover in Migrating Newt Lung Epithelial Cells
Our novel observations of MT dynamics and arrangement
in migrating cells may in part explain the large discrepancy
between the fast rates of MT polymer turnover measured
in vivo and calculated values of MT polymer turnover
based on parameters of plus end dynamic instability.
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centrosome bound and that MTs are relatively stationary
in the cell (Gliksman et al., 1993). From studies of MT re-
growth after nocodazole treatment (Brinkley et al., 1981),
and because we never saw spontaneous MT nucleation, we
suggest that all MTs in migrating newt lung cells originally
arise from a MT nucleated at the centrosome. However,
we found that MT retrograde flow is associated with MT
breakage, which creates noncentrosomal MTs. For the 10–
20% of MTs in newt lung cells that are bound to the cen-
trosome, MT turnover is affected by parameters of plus
end dynamic instability, and if MTs grow towards the lead-
ing edge, they are subject to retrograde flow, breakage,
and the production of new plus and minus ends. For the
noncentrosomal MTs, which make up the majority of MTs
in these cells, we must consider both plus and minus end
dynamic instability, retrograde flow, MT breakage, and
the rate of minus end uncapping. Furthermore, MT retro-
grade flow in the lamella is accompanied by net growth at
the plus ends that must be offset by net MT disassembly at
the same rate somewhere else in the cell. Because z80%
of the MTs in these cells are not bound to the centrosome,
and because we have found no evidence for “poleward”
movement of photoactivated marks on centrosome-bound
MTs in interphase cells (Waterman-Storer, C.M., J. Wa-
ters, and E.D. Salmon, unpublished results), we do not
think that polymer loss occurs near the centrosome, as is
the case during poleward “flux” of MTs in kinetochore fi-
bers in mitotic spindles (Mitchison, 1989; for review see
Waters and Salmon, 1997). Thus, loss of polymer could oc-
cur either at a steady state from the noncentrosomal free
minus ends of individual MTs or by plus and minus end
depolymerization occurring at various sites within the
lamella or cell body during retrograde flow. In addition,
because “uncapping” of free minus ends produced by MT
breakage always resulted in complete depolymerization of
MTs, this may be a key point of regulation of MT turn-
over. Our results thus show that turnover of MTs in mi-
grating cells is a complex problem involving regulation of
multiple phenomena by multiple factors at different loci
within the cell.
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